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Characterizing nanoparticles in complex biological
media and physiological ﬂuids with depolarized
dynamic light scattering
S. Balog,*†a L. Rodriguez-Lorenzo,†a C. A. Monnier,a M. Obiols-Rabasa,b
B. Rothen-Rutishauser,a P. Schurtenbergerb and A. Petri-Fink*a,c
Light scattering is one of the few techniques available to adequately characterize suspended nanoparti-
cles (NPs) in real time and in situ. However, when it comes to NPs in multicomponent and optically
complex aqueous matrices – such as biological media and physiological ﬂuids – light scattering suﬀers
from lack of selectivity, as distinguishing the relevant optical signals from the irrelevant ones is very chal-
lenging. We meet this challenge by building on depolarized scattering: Unwanted signals from the matrix
are completely suppressed. This approach yields information with an unprecedented signal-to-noise ratio
in favour of the NPs and NP-biomolecule corona complexes, which in turn opens the frontier to scatter-
ing-based studies addressing the behaviour of NPs in complex physiological/biological ﬂuids.
Introduction
The appeal of nanomedicine lies in its potential of addressing
some of the most important and current challenges in diagno-
sis and treatment by exploiting the unique properties of nano-
particles (NPs).1 This vast field includes designing NPs capable
of targeting certain cells to deliver drugs, genetic material, NPs
or nanofibers used for tissue engineering or nanoscale devices
or sensors.2 Significant progress has been made in the
materials field in recent years, and NPs have been designed in
virtually all shapes and sizes3–7 to take advantage of their
physico-chemical properties to a maximum degree. However,
before NPs can actually interact with living cells/organisms,
their surfaces are inevitably confronted to biological fluids –
such as cell culture medium, blood or lung fluid – whose com-
ponents (i.e., bio- and small molecules, such as proteins, anti-
bodies, salts/ions, vitamins, lipids)8 will inevitably interact
with the particle surfaces.9 This has several critical conse-
quences; for example, a tightly bound immobile protein layer
is known to form on the particle surface (i.e., the so-called
hard corona) and possibly a weakly associated mobile layer
(i.e., the soft corona).10 NP aggregation, which is a common
phenomenon in this complex environment, might also be
induced and consequently has to be taken into account.11 All
these various factors underline the complexity of these systems
and importance of precisely understanding NP behavior in bio-
logically relevant surroundings at a basic level, which is in-
dispensable in developing any kind of nanomaterial for
subsequent medical application.
Currently, it is widely accepted that the cellular fate, as well
as the subsequent absorption, distribution, metabolism, and
clearance is dictated by the NP behavior in the biological
environment.12,13 In this context, the interaction of NPs with
living matter has been heavily addressed over the past
years.14–16 Although NP behavior in biological fluids is funda-
mental for either exploiting their potentially beneficial pro-
perties or mitigating the risks they may pose to human health
and the environment,17,18 our general understanding is still
lagging behind current NP development.19 Given the promises,
concerns and commercial aspects of NPs, developing reliable
and fast experimental protocols dedicated to the characteriz-
ation of suspended NPs in biological media is pressing.19
Among the dozen of techniques available, priority is usually
given to a handful only, i.e., to methods that are non-invasive
and capable of performing beyond static and single-point
measurements – including in situ and real time data acqui-
sition – allowing the investigation of kinetic phenomena20,21
and the observation of transient states.8,22 In this regard,
dynamic light scattering (DLS) is particularly popular and
widely adopted for its straightforward use and its highly quan-
titative nature. However, the subtleties of scattering theory,23
the founding pillars of the technique, may be easily obscured†These authors contributed equally to this work.
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by the experimental simplicity, especially when dealing with
multicomponent and optically complex systems.24 An inherent
– yet often neglected – characteristic feature of scattering
experiments is that the measured primary signal, e.g., the scat-
tering intensity trace, may also contain contributions from the
biological environment. Unfortunately, these contributions to
the scattering intensity are generally too significant compared
to the NPs and NP-biomolecule complexes,11 and thus should
not be omitted. Otherwise, the primary data may easily lead to
wrong interpretation.25,26 However, selectively separating the
relevant signals from the irrelevant ones is virtually imposs-
ible, and thus jeopardizes the eﬀective usage of DLS for inves-
tigating nanoparticles in application-relevant surroundings.
In this article, we present an approach to circumvent this
obstacle and show that regardless of the presence of a complex
matrix, unwanted scattering signals from dissolved free bio-
molecules, e.g., proteins that are not associated to the NPs, can
be completely suppressed, resulting in an extraordinary signal-
to-noise ratio. Our approach relies on the optical anisotropy
found in many NPs and can be easily extended to systems
without apparent colloidal stability. In addition, this method
does not rely on the presence of fluorescent tags,27 which are
known to substantially alter the NP surface properties.28 To
demonstrate the power of our approach, we designed a repre-
sentative model system consisting of Au NPs in commonly
used buﬀers and cell culture media. As-synthesized citrate Au
NPs were investigated and compared to three types of poly-
(ethylene glycol) (PEG) coated Au NPs to examine the influence
of surface functionality. Thiolated PEG carrying either an
amine (PEG-NH3
+), a carboxylic acid (PEG-COO−), or a
methoxy- (PEG-CH3) end group, respectively, was used. Each
particle type was then incubated in four diﬀerent and increas-
ingly complex biological media: (1) Phosphate buﬀer (PBS,
10 mM sodium phosphate monobasic/disodium phosphate
hydrogen, pH 7), (2) Bovine Serum Albumin (BSA, a high mole-
cular weight protein and major component of serum), in PBS
(5 mg mL−1), (3) Dulbecco’s Modified Eagle Medium (DMEM,
a commonly used cell culture medium containing amino
acids, salts, glucose, and vitamins), and (4) Fetal Bovine Serum
(FBS) supplemented DMEM (10%).
Theory of depolarized light scattering
Owing to their polycrystalline nature, round metallic NPs have
an inhomogeneous internal structure and are not perfectly
spherical.29–32 These imperfections are strong enough to result
in a small but highly relevant optical anisotropy.33,34 When
excited by electromagnetic waves, Au NPs support coherent
oscillations of the surface conduction electrons. This pheno-
menon, i.e., the confined oscillations of the charge density, is
referred to as localized surface plasmon resonance (LSPR).35 It
has been shown that upon scattering, LSPR coupled with such
optical anisotropy results in a depolarized speckle pattern,
whose temporal fluctuations yield precise information on the
Au NP size.34 The depolarized field auto-correlation function
decreases exponentially in time g1,vh(t ) = e
−Γt,23 and for
uniform spherical particles, the decay constant Γ is
Γ ¼ q2 kBT
6πη
1
RH
þ 6 kBT
8πη
1
RH3
: ð1Þ
RH is the hydrodynamic radius, kB the Boltzmann constant,
T the temperature, η the viscosity of the solution, q = 4π/λ n sin
(θ/2) the momentum transfer, θ the scattering angle, λ the
wavelength of the scattered waves and n the refractive index of
the solution. The first and second term represents transla-
tional and rotational diﬀusion, respectively. The second term
is independent of the angle of observation and dominates
at low angles. Owing to the RH
−3 dependence, rotational
diﬀusion is far more sensitive to changes in particle size than
translational diﬀusion.34 For polydisperse samples, the field
correlation function is expressed as the Laplace transform of
the probability density function describing the dispersion in
the relaxation rate. Accordingly, the correlation function is
written as
g1;vhðtÞ ¼
ð1
0
dΓPΓðΓÞeΓt: ð2Þ
PΓ (Γ) is the intensity-weighted probability density function of
the relaxation rates. g1,vh(t ) can be expanded into a series
of the central moments of the probability density function of
PΓ (Γ) (cumulant expansion)
36
g1;vhðtÞ ¼ eðΓÞt 1þ
X1
n¼2
ð1Þn Mn
n!
tn
 !
: ð3Þ
〈Γ〉 is the average rate of relaxation
kΓl ;
ð1
0
dΓ ΓPΓðΓÞ ð4Þ
and Mn is the n
th central moment
Mn ;
ð1
0
dΓðΓ  kΓlÞnPΓ Γð Þ: ð5Þ
At early correlation times
ln g1;vhðtÞ ﬃ kΓlt: ð6Þ
The average size, therefore, can be estimated with eqn (1)
and (6).
Results and discussion
UV-Vis spectroscopy
Au NPs possess unique optical properties, resulting in a very
particular UV-Vis spectrum which corresponds to a typical
deep ruby color.37 LSPR is sensitive to the local dielectric
environment, and thus has been used to obtain information
about protein adsorption and possible NP aggregation.35,38
Therefore, certain conclusions can be drawn solely from the
UV-Vis spectrum of the NP suspension. This approach is
justified for as-synthesized citrate Au NPs, and changes in the
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LSPR can be easily identified in the UV-Vis extinction spec-
trum (Fig. 1).
The extinction spectra of the citrate Au NPs are indicative of
interactions. While the LSPR in PBS is centered at 519 nm, a
redshift is observed (524 nm) after incubation with 5 mg mL−1
BSA, which is attributed to the change in the refractive index
of the particle surface, upon the adsorption of BSA.39 The sus-
pension of citrate Au NPs collapsed in DMEM. Precipitation
and rapid sedimentation in the order of minutes were visible
even by naked eye. Consequently, no UV-Vis spectrum was
obtained due to this strong aggregation and rapid particle
sedimentation. However, incubating the citrate Au NPs in
DMEM with 10% FBS brought peculiar features into the extinc-
tion spectrum: the amplitude of the LSPR at 520 nm
decreased, its center shifted, and a new resonance band deve-
loped in the near-infrared region. It has previously been
shown that these features can be attributed to plasmonic coup-
ling between closely packed NPs.40 Interestingly, the presence
of FBS prevented the collapse of spinning out of control and
re-stabilized the already-formed aggregates, most likely via a
mechanism similar to surface-charge stabilization. Several
groups reported that particle aggregation can be prevented by
the addition of albumin or serum, owing to protein adsorption
onto the particle surface.41–44 Therefore, it is strongly indicated
that the adsorption/conjugation of proteins on the NP surface
is rapid, starting as soon as the NPs are dispersed in cellular
medium. In contrast to the citrate Au NPs, none of the
PEGylated Au NPs exhibited any significant changes in the
UV-Vis spectrum (i.e., either peak shift or peak broadening or
rise in the baseline of the spectrum, which was independent
of the media). The absence of significant changes in the LSPR
curve can be explained by the presence of the polymer shell,
which acts as a dielectric spacer and is an eﬀective insulator,
and thus hinders additional coupling of LSPR oscillations
between associated particles as well as decreases the sensitivity
to the refractive index changes.45 Therefore, UV-Vis becomes
practically insensitive, and monitoring the behavior (e.g.,
protein adsorption or particle aggregation) of such surface-
functionalized NPs in biological media is not conclusive.
Dynamic light scattering
DLS may overcome the limitations of UV-Vis spectroscopy, but
only if the scattering from the complex bio-matrix populated
by proteins, vitamins, lipids and salts/ions is negligible com-
pared to the NPs. However, the generally investigated NP
concentrations are usually moderate, and thus, standard
(polarized) DLS must deal with the presence of this complex
background.25,26 Indeed, as shown in Fig. 2, for some of the
media, the magnitude of coherent scattering from bio-
molecules can be of the same order as of the Au NPs. If this
scattering is not separated from that of the particles, the analy-
sis will be biased.25,26 Depolarized scattering from the biologi-
cal matrix is virtually invisible compared to the depolarized
scattering of the NPs; while several thousands of photons are
detected from the Au NPs in time units and for unit power of
the incident laser, the photon count rate corresponding to
depolarized scattering from the biological matrix does not
exceed the dark count rate of photon detectors. Accordingly, in
Fig. 2 Polarized scattering from the Au NPs and from the biological
media (Intensity is deﬁned as the number of detected photons per unit
time and unit power of the incident laser).
Fig. 1 UV-Vis extinction spectra of Au NPs in PBS, in a BSA-PBS
mixture, in DMEM, and in FBS supplemented DMEM.
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depolarized configuration, scattering information originating
exclusively from the NPs on an essentially zero-background
can selectively be detected, as depicted in Fig. 3.
By relying on depolarized dynamic light scattering (DDLS),
we find that the size of the methoxy or carboxylate terminated
PEGylated Au NPs remains unchanged under all conditions
(Fig. 4), suggesting that these particles do not respond to the
present biomolecules.
This is also confirmed by the Zeta-potential measurements
that do not display any significant change in any of the media
(Table 1), and agree with the absence of significant changes in
the UV-Vis spectra.
DDLS analysis of the PEG-NH3
+ Au NPs, however, showed
features that were not quantifiable by UV-Vis. The hydro-
dynamic radius increased by nearly 14 nm in BSA + PBS, indicat-
ing strong interaction with BSA. Zeta-potential measurements
revealed a negatively charged surface despite the presence of
protonated amine groups –NH3
+. This is explained by the
adsorption of BSA onto the particles, since BSA exhibits a
negative charge at pH 7.3,48 In DMEM and in DMEM + FBS, no
considerable size change was observed for the PEG-NH3
+
Au NPs. These NPs exhibited a positive surface charge in pure
DMEM (Table 1) and a negative Zeta-potential was measured
in DMEM + FBS, which strongly indicates a certain interaction
with the FBS, influenced by the presence of thiolated mole-
cules. Both Larson et al. and Maus et al. demonstrated that, at
physiological concentrations, cysteine can displace methoxy-
PEG-thiol molecules on the Au NP surface, which in turn leads
to protein adsorption.49,50 This possible loss of PEG density on
the gold surface explains the similar hydrodynamic radius for
PEG-NH3
+ as well as for PEG-CH3 Au NPs. In agreement with
DDLS, TEM micrographs confirm a stable suspension of
PEG-NH3
+ Au NPs (Fig. 6B, D, F and H). It was shown above
that the behaviour of the citrate Au NPs is modified in BSA +
PBS, in DMEM, and in DMEM + FBS. In BSA + PBS, the
average apparent hydrodynamic radius increases by approxi-
mately 5 nm. The order of this increase agrees well with the
hydrodynamic radius of the BSA protein and suggests the for-
mation of a protein monolayer adsorbed onto the surface of
the Au NPs.39,51 It is plausible that this observation was the
result of two dominating but competing processes: One desta-
bilizes the suspension, while the other balances the electro-
static screening of mobile charges52 and preserves the
aggregated or non-aggregated NPs, e.g., by the onset of a
protein shell which acts as a protective layer against further
aggregation.41,53 By performing time-resolved DDLS, we are
Fig. 4 Hydrodynamic radii of the functionalized Au NPs incubated in
the biological media for 24 hours. Hydrodynamic radii were estimated
via eqn (1) and (6).
Table 1 Zeta potentials (mV) of the nanoparticles [mean (SD)]. The Zeta
potential was estimated via the Henry equation46 using the Smolu-
chowski approximation47
Particle system PBS BSA + PBS DMEM DMEM + FBS
Citrate Au NP −32.0 (1.7) −15.0 (0.4) −21.0 (0.4) −18.0 (0.3)
PEG-CH3 Au NP −4.0 (1.4) −6.0 (0.4) −2.0 (1.7) −9.0 (0.7)
PEG-NH3
+ Au NP 5.0 (0.7) −3.0 (0.3) 4.0 (0.4) −5.0 (0.4)
PEG-COO– Au NP −10.0 (0.6) −6.0 (0.3) −8.0 (2.0) −10.0 (0.8)
Fig. 3 Depiction of NPs and the bio-matrix background as seen in stan-
dard polarized (top) and depolarized (down) dynamic light scattering
experiments, respectively. While in the ﬁrst experiment scattering from
the complex bio-matrix is clearly present, in the latter, depolarized scat-
tering from the biological matrix is not visible, and thus, entirely negli-
gible compared to the depolarized scattering of the nanoparticles.
Owing to this, scattering exclusively from the NPs on an essentially
zero-background is detected.
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able to monitor changes in the hydrodynamic size from the
point of incubation. Fig. 5 displays the results of consecutively
executed three-second-long measurements.
When citrate Au NPs were incubated in BSA + PBS, a very
rapid response was apparently happening. Even such short
measurements were not suﬃcient to capture the initial phase
of the protein monolayer formation. In DMEM, the course was
clearly captured: a rapid initial phase – the first 30 seconds –
resulted in an increase of almost 200 nm, after which the
process slowed down. The most interesting case was that of
the Au NPs incubated in DMEM + FBS: clear oscillations were
present until eight minutes passed, indicating a complex,
possibly competitive, process. Compared to the citrate Au NPs,
PEG-NH3
+, Au NPs in BSA + PBS exhibit a slower process that
levels only after an hour.
TEM micrographs (Fig. 6C) further support the formation
of a protein monolayer adsorbed onto the surface of the Au
NPs, as non-aggregated NPs were visualized, which indicates a
stable colloidal suspension. However, this stability was com-
pletely jeopardized in DMEM, resulting in rapid sedimentation
within minutes. As predicted, large aggregates were visible by
TEM (Fig. 6E). Nonetheless, the addition of 10% FBS to
DMEM changed the case considerably. A moderate degree of
aggregation with about a threefold increase in size was
observed in DMEM + FBS (Fig. 4) and also confirmed by TEM
(Fig. 6G).
Conclusions
While the characterization of NPs in optically complex biologi-
cal/physiological matrices is challenging, we have shown that
the limitations can be overcome by using depolarized light
scattering. Quantitative information with an unprecedented
signal-to-noise ratio can be recorded in real time, no matter
how optically complex the surrounding environment is. This
non-invasive approach oﬀers new opportunities to the wide
range of studies addressing the behaviour of NPs in complex
physiological/biological fluids; it is straightforward and robust,
and comes with considerable advantages over UV-Vis and fluo-
rescence correlation spectroscopy.
Experimental
Citrate-stabilized gold nanoparticles (Au NPs) ([Au] = 0.5 mM)
were synthesized as reported by Turkevich et al.54 Aqueous
solutions (3.4 × 10−3 mM) of thiolated amine- (PEG-NH3
+), car-
boxylic- (PEG-COO−), methoxy- (PEG-CH3) poly(ethylene glycol)
(PEG) were sonicated for 15 min and subsequently mixed with
100 mL of the Au NP suspension. This concentration ratio pro-
vided approximately 10 PEG chains per nm2 of particle
surface. These mixtures were left to react at 25 °C for 24 h. To
remove any excess polymer, the PEGylated NPs were centri-
fuged twice at 104 g for 1 h and then re-dispersed in 10 mL
Fig. 6 TEM micrographs of citrate and PEG-NH3
+ Au NPs in PBS (A, B),
incubated in BSA solution (C, D), in DMEM (E, F), and in FBS sup-
plemented DMEM (G, H). Scale bar = 500 nm.
Fig. 5 Time-resolved DDLS study started promptly after incubating the
Au NPs in the biological media. The dashed lines correspond to the Au
NPs in PBS buﬀer. Hydrodynamic radii are estimated via eqn (1) and (6).
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water. Each particle type, at a concentration of 50 μg mL−1, was
incubated in four diﬀerent, increasingly complex, biological
media at 25 °C for 24 h: (1) Phosphate buﬀer (PBS, 10 mM
sodium phosphate monobasic/disodium phosphate hydrogen,
pH 7), (2) Bovine Serum Albumin (BSA), which is a high mole-
cular weight protein and major component of serum, in PBS
(5 mg mL−1), (3) Dulbecco’s Modified Eagle Medium (DMEM),
a commonly used cell-culture medium containing amino
acids, salts, glucose, and vitamins, and (4) Fetal Bovine Serum
(FBS) supplemented DMEM (10%). UV-Vis extinction spectra
were recorded at 25 °C on a Jasco V-670 spectrophotometer,
using quartz cuvettes of 10 mm path length. For performing
electron microscopy, suspensions were spin-coated and dried
on carbon-film square-mesh copper grids (Electron Microscopy
Sciences, CF-300-Cu) and micrographs of the Au NPs were
recorded with a Morgagni transmission electron microscope
(FEI) operating at 80 kV. The eﬀective surface charge was
characterized at 25 °C, using phase amplitude light scattering
(Brookhaven, ZetaPALS) and NP tracking analysis (NanoSight,
NS500, Z-NTA Software version 2.3, Salisbury, UK). Suspen-
sions of 50 μg Au per mL were prepared in the diﬀerent bio-
logical media. For ZetaPALS, forty-five cycles of electrophoretic
mobility measurements were replicated tenfold and the mean
and the standard deviation were estimated. For NP tracking
analysis, the electrophoretic velocities were recorded by a
digital video microscope system (10 videos of 90 s). Light scat-
tering measurements were performed at constant temperature
(21 °C) using a commercial goniometer instrument (3D LS
Spectrometer, LS Instruments AG, Switzerland). The primary
beam was formed by a linearly polarized and collimated laser
beam (HeNe, 632.8 nm, 21 mW) and the scattered light was
collected by single-mode optical fibers equipped with inte-
grated collimation optics. Collected light was coupled into two
high-sensitivity APD detectors (Perkin Elmer, Single Photon
Counting Module) and their outputs were fed into a two-
channel multiple-tau correlator (Correlator.com). Signal-to-
noise ratio was improved by cross-correlating these two chan-
nels. With respect to the primary beam, depolarized scattering
was observed via cross-polarizers. The incoming laser beam
passed through a Glan–Thompson polarizer with an extinction
ratio of 10−6, and another Glan–Thompson polarizer, with an
extinction ratio of 10−8, was mounted in front of the collection
optics. The instrumental depolarization was controlled by
measuring a suspension of FBS, (Invitrogen, Switzerland)
diluted in PBS (10% Vol./Vol.).
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